Expanding actin rings zipper the mouse embryo to seal it and allow formation of the blastocyst cavity.
INTRODUCTION
During the preimplantation stage of mammalian development, the cells of the embryo assemble adherens and tight junctions to establish the first forms of tissue architecture Yamanaka et al., 2006 ). E-cadherin (E-cad) trans-ligation at adherens junctions enables a mechanical coupling of the cell cortices of neighboring cells and promotes cell-cell adhesion (Samarage et al., 2015; Stephenson et al., 2010) . Tight junctions create a permeability barrier that seals the embryo from the exterior (Eckert and Fleming, 2008) . The establishment of this barrier allows for an increase in osmotically driven hydrostatic pressure in the space between cells, thereby expanding the first internal cavity of the embryo and transforming the morula into a blastocyst.
Although initial studies suggested that the mouse embryo becomes sealed after the 32-cell stage when the embryo transforms into a blastocyst (McLaren and Smith, 1977) , subsequent work indicated that the sealing process is initiated earlier. The latter model is supported by (1) the enrichment of adherens and tight junction components in outer cells of the embryo during the 16-to 32-cell-stage transition, (2) defects in blastocyst formation due to perturbation of adherens and tight junctions, and (3) functional assays using freely diffusing dextrans that demonstrate the establishment of an epithelial barrier prior to the 32-cell stage (Ducibella et al., 1975; Moriwaki et al., 2007; Watson and Barcroft, 2001) . Despite progress in the identification of molecular components required for blastocyst formation, the morphogenetic mechanism that triggers embryo sealing remains unknown.
In most tissues and organs, morphogenesis is driven via the coordinated coupling of adherens and tight junctions to cellular actin networks (Heisenberg and Bellaïche, 2013; Lecuit et al., 2011) . However, it is unclear how actin networks in the early mammalian embryo might contribute to sealing or blastocyst formation. Here we imaged filamentous actin (F-actin) in living mouse embryos to uncover mechanisms required for embryo sealing. We show that F-actin rings appear at the apical cortex of the outer cells of the embryo, then expand to cell-cell junctions where they undergo zippering, triggering sealing of the embryo and enabling blastocyst formation.
RESULTS

Cortical F-Actin Rings Expand and Zipper along Cell-Cell Junctions before Blastocyst Formation
To visualize F-actin non-invasively, we imaged intact live mouse embryos expressing GFP fused to Utrophin (GFP-Utr) (Burkel et al., 2007) during the 16-to 32-cell stage. GFP-Utr strongly labeled an actin ring-like structure at the apical cortex of the outer cells (Figures 1A and 1B) . This ring encloses a region typically described as the apical domain (Johnson and Maro, 1984) . The ring was also labeled in live embryos by the membrane-to-cortex attachment protein Ezrin fused to mRuby (Ezrin-mRuby), the actin bundler Fascin fused to Emerald (Emerald-Fascin), and the scaffolding protein Pard6b fused to GFP (GFP-Pard6b) and in fixed embryos stained with Phalloidin-Rhodamine or for endogenous phosphorylated Ezrin (pEzrin) ( Figures 1A, 1B , and S1A-S1E).
Actin rings typically drive diverse morphogenetic processes by constriction (Schwayer et al., 2016) . However, instead of constricting, the rings of the mouse embryo expanded over the entire apical cortex to the cell-cell junctions during the 16-to 32-cell stage ( Figures 1A, 1B , and S1A-S1E; Movie S1). Moreover, following their expansion, the rings of neighboring cells formed an initial point of contact at the shared junction. Once established, this contact extended bidirectionally along the junctions in a zippering-like process, which formed a unified linear structure connecting the adjoining cells (Figures 1B and 1C; Movie S1) .
Zippering of actin rings occurred simultaneously at multiple junctions during the 16-to 32-cell stage (Figures 1C and S1A) . Furthermore, when cells divided after the 32-cell stage, the daughter cells did not form a new actin ring. Instead, they retained their zippered architecture during division and blastocyst expansion (Figures S1F and S1G) . As the expansion of the rings and their zippering occurred just prior to the blastocyst stage, it may serve as a mechanism to seal the embryo for blastocyst formation. Therefore, we investigated which processes drive actin ring formation, expansion, and zippering.
Cortical Flows Drive Actin Ring Formation De Novo at the 16-Cell Stage
Although actin rings only zipper after the 16-cell stage, similar structures enclose the apical domain in 8-cell embryos (Johnson and Maro, 1984) (Figure 2A ). It is asserted that these regions are asymmetrically segregated during the division of 8-cell-stage blastomeres to determine daughter cell fate (Chazaud et al., 2006; Hirate et al., 2015; Leung et al., 2016; Maître et al., 2016; Yamanaka et al., 2006) . However, imaging divisions in intact 8-cell embryos showed that the majority of rings labeled by apical domain markers RFP-Utr, Ezrin-GFP, GFP-Pard6b, atypical protein kinase C isoform PKCz (aPKC-Emerald), or the apical surface marker Lck-GFP disassembled prior to cytokinesis (87.1%, n = 31 cell divisions) (Figures 2A, 2B , and S2A-S2D; Movie S2), and most cells assembled an actin ring de novo after cytokinesis ( Figures 2C and S2D ). These results were confirmed in uninjected embryos stained for Phalloidin-Rhodamine and pEzrin ( Figure S2E ). Moreover, the few cells that did not establish an actin ring de novo resulted from divisions in which the ring was either asymmetrically inherited or disassembled before cytokinesis ( Figure S2F ). We do not exclude the possibility that some unknown components of the apical domain may be asymmetrically retained during division. However, we propose that the localization of apical polarity markers is most frequently reestablished rather than directly inherited following division, consistent with previous observations (Anani et al., 2014; Watanabe et al., 2014) . Therefore, we determined which processes are responsible for the de novo formation of the ring at the 16-cell stage.
As the actin ring forms following cytokinesis, we imaged cells at a high temporal resolution in embryos expressing GFP-Utr and fluorescently tagged microtubule-associated protein 2c (RFP-MAP2c) ( Figure 2C ). These experiments revealed a flow of cortical F-actin commencing at the end of cytokinesis (Figure 2C ; Movie S3). Particle image velocimetry (PIV) analysis (Mayer et al., 2010) demonstrated that the flow initiates at the region where the cytokinetic furrow disassembles and a nascent cell-cell junction is formed, and is directed toward the cell poles ( Figure 2D ). Using a multiphoton laser to label photoactivatable GFP fused to actin (paGFP-actin) at the cell cortex of the nascent junction also demonstrated a directional flow toward the cell pole ( Figures S2G and S2H) .
The flow did not replenish GFP-Utr uniformly across the cell cortex. Instead, it was interrupted at the edge of a spherical cap largely devoid of GFP-Utr, indicating an exclusion zone for stable cortical F-actin. The flow caused a progressive accumulation of GFP-Utr at the edge of this exclusion zone, resulting in the formation of a ring-like structure rich in S2G, and S2H) . Disruption of cortical flows by external crosslinking via wheat germ agglutinin (WGA) treatment (Canman and Bement, 1997; Sedzinski et al., 2011) prevented actin ring formation (Figure S2I) . In contrast to GFP-Utr and Phalloidin-Rhodamine, actin fused to GFP (GFP-actin) was found at similar levels at the cell cortex inside and outside the ring ( Figures 2E and S2J ), suggesting that these regions experience different F-actin turnover rates. Therefore, we measured paGFP-actin dynamics at the cortex inside, outside, and at the ring using fluorescence decay after photoactivation (FDAP) (Plachta et al., 2011) . paGFP-actin (E) Comparison between GFP-Utr and GFP-actin distribution at the cell cortex in live embryos. Whereas the cortex inside the ring is largely devoid of GFP-Utr, GFP-actin is distributed evenly inside and outside the ring. Graphs show fluorescence intensities along the cortex and comparison of GFP-Utr, PhalloidinRhodamine, and GFP-actin. (F) Selective paGFP-actin photoactivation at the cortex inside, outside, and at the ring. Kymographs show paGFP-actin dynamics following photoactivation (arrowhead). (G and H) FDAP analysis of paGFP-actin dynamics (G) reveals a faster decay time and smaller immobile fraction (H) at the cortex inside the ring compared to outside or at the ring. (I) Formation of a membranous bulge inside the actin ring. Quantification of surface curvature reveals a more curved surface inside than outside the actin ring. Data in (D) , (E) , (H) , and (I) are presented as mean ± SEM. Scale bars, 10 mm in all images except for insets in (F) , 3 mm; n = cells. displayed the fastest decay rate and the lowest immobile fraction inside the ring, confirming that there was more rapid actin turnover and fewer stable actin filaments in this region of the apical cortex ( Figures 2F-2H) . Furthermore, photoactivation of a selective pool of paGFP-actin at the ring showed that this paGFPactin was retained at the ring for at least 1 hr, reflecting a stable incorporation of paGFP-actin into actin filaments at the ring (Figure S2K ). These observations suggest differences in G-to F-actin ratios inside and outside the actin ring, with the pool inside the ring turning over more rapidly.
As the cortex inside the ring is largely devoid of stable F-actin, it comprises a weak area of the apical surface (Charras and Paluch, 2008) . In line with this, this region formed a prominent membranous bulge similar to a cellular bleb, known to buffer intracellular pressure (Sedzinski et al., 2011) (Figure 2I ). Cellular blebs typically assemble a cortical actomyosin network to arrest their expansion and retract (Biro et al., 2013) . By contrast, the apical bulge inside the actin ring remains clear of F-actin throughout ring expansion. These results suggest the existence of a mechanism inhibiting cortical F-actin assembly within the ring.
A Polar Microtubule Network Excludes Cortical F-Actin from Inside the Ring As the actin rings form at the end of cytokinesis, we investigated a role for microtubules, which differentially regulate the cortex during cell division. In other systems, microtubules originate from centrosomes (Conduit et al., 2015) . During cell division, midzone microtubules recruit actomyosin to the cytokinetic furrow, while astral microtubules typically inhibit cortical F-actin at the cell poles in a process known as polar relaxation (Fededa and Gerlich, 2012; White and Borisy, 1983; Wolpert, 1960) . However, the early mouse embryo lacks centrosomes and microtubule dynamics remain unclear (Clift and Schuh, 2015; Howe and FitzHarris, 2013; Zenker et al., 2017) . Therefore, we characterized microtubule dynamics in live embryos expressing RFP/GFPMAP2c. In line with the lack of centrosomes, the mitotic spindle assembles around the chromosomes (Coelho et al., 2013) without a distinct astral microtubule network. However, at the end of telophase, a polar microtubule network rapidly expanded between the newly formed cell nucleus and the apical cortex (Figures 3A and 3B; Movie S4) . The localization of this network was inversely correlated with that of GFP-Utr, resulting in an apical zone rich in microtubules and poor in F-actin ( Figures 3C-3F ).
Labeling microtubules with the plus-end marker EB3-dTomato, or a 2G4 construct associated with dynamic and tyrosinated microtubules (Cassimeris et al., 2013) , revealed that the microtubule network underlying the cortex was denser and more dynamic inside than outside the ring ( Figures 3G and S3A) . Moreover, tracking microtubule plus ends demonstrated greater microtubule growth inside the ring ( Figures 3H, 3I , and S3B; Movie S5). This microtubule network progressively expanded to the junctions concurrent with the expansion of the actin ring ( Figures 3E and 3F ).
Local disruption of microtubule polymerization inside the ring, using the photoswitchable microtubule inhibitors photostatins (PSTs) (Borowiak et al., 2015; Zenker et al., 2017) , triggered rapid RFP-Utr accumulation at the cortex inside the ring. Moreover, deactivation of the previously photoactivated PSTs allowed microtubule growth to resume, resulting in renewed clearance of F-actin inside the ring ( Figures 3J, 3K , and S3C-S3E). By contrast, activation of PSTs outside the ring had no effect on cortical RFP-Utr levels ( Figure S3F ). Furthermore, global depolymerization of microtubules using nocodazole disrupted the exclusion of GFP-Utr inside the ring, thereby shrinking the apical zone devoid of GFP-Utr ( Figures 3L-3N and S3G). Consistent with our microtubule perturbations, depolymerization of the microtubule network during mitotic entry in untreated 8-cellstage blastomeres was accompanied by shrinkage and disassembly of the actin ring prior to cytokinesis ( Figure 3O ). These findings indicate that a polar microtubule network clears F-actin from the apical cell cortex inside the ring. 
Changes in Cell Geometry Regulate Actin Ring Expansion
We then explored how the actin ring expands to the junctions. First, we investigated whether actin polymerization drives ring expansion. Treatment with the Arp2/3 complex inhibitor CK-666 subsequent to ring formation did not prevent ring expansion ( Figure S4A ). A similar treatment with the pan-formin inhibitor SMIFH2 caused a reversal of cell morphology to a spherical shape and prevented ring expansion ( Figures S4A and S4B ). We could not uncouple the impact of SMIFH2 on formin activity from its general effects on cell shape. Nevertheless, the sum of GFP-Utr signal within the ring, an indicator of the total amount of F-actin, did not increase and the ring became thinner during expansion ( Figures S4C and S4D ). This suggests that additive actin polymerization is not a main driver of ring expansion. Therefore, we explored whether changes in cell shape occurring during the 16-cell stage contribute to expansion.
Following division, outer cells in the embryo are nearly spherical in shape (Samarage et al., 2015) . As the ring expands, cells contracted their basolateral region while maintaining constant volume (Figures 4A, 4B, and S4D) . Similar to the effects of SMIFH2, acute treatment with an E-cad-blocking antibody (Samarage et al., 2015) caused cells to become spherical and the actin rings to shrink (Figures 4C and S4E) , suggesting an association between cell shape changes and ring expansion.
During cytokinesis, contraction of a cell pole causes a hydrostatic pressure-mediated expansion and blebbing of the opposite pole (Sedzinski et al., 2011) . These blebs act as pressure sinks, buffering the expansive forces directed at the cortex. Analogously, contraction of the basolateral region of the outer cells after cytokinesis would also be expected to lead to apical displacement of cytosol and an increase in the expansive force experienced by the apical pole. As for blebs, this force tends to further inflate the bulge where the cortex is weaker and widen the aperture at the bulge base (Tinevez et al., 2009) , here delimited by the actin ring. We found that the bulge flattens as the basolateral region contracts (Figures 4A and 4D) , suggesting that hydrostatic forces generated by cell shape changes do not principally dissipate via bulge inflation ( Figure 4G ). Instead, the aperture at the base of the bulge widened and the ring expanded, indicating that the ring only exerts limited resistance to deformation compared to forces opposing bulge inflation. In line with a weak resistance to deformation, we found that (1) the ring was largely devoid of myosin II ( Figure 4F ; Movie S5), (2) the ring did not recoil significantly following laser ablation (Movie S6), and (3) myosin II inhibition did not prevent changes in cell shape (Figures S4F and S4G) or ring expansion ( Figure 4E ). These results reveal that the actin ring is not contractile, and they suggest that its resistance to deformation is likely dominated by its crosslinking and frictional forces due to membrane coupling via ERM proteins, such as Ezrin.
To test the role of membrane coupling, we manipulated Ezrin, which is required for the epithelial sealing that enables blastocoel expansion (Dard et al., 2001 ) and provides resistance to blebbing in other systems (Diz-Muñ oz et al., 2010) . Ezrin-GFP overexpression slowed ring expansion and caused a significant inflation of the bulge. Conversely, Ezrin downregulation caused faster ring expansion and reduced bulge inflation ( Figures 4H, 4I , and S4H). These results indicate that the actin ring offers weak resistance to deformation and expands in a myosin II-independent manner as a result of changes in cell geometry.
Expanded Actin Rings Couple to Cell-Cell Junctions
We next determined how the actin ring interacts with the junctions after expansion. Immunolabeling and live imaging revealed a localized enrichment of the adherens junction proteins E-cad and a-catenin (a-cat) and the initial recruitment of the tight junction protein zona occludens 1 (ZO1) at the site of contact between the ring and the junction (Figures 5A-5C ; Movies S7 and S8). Once an initial contact was established, the ring did not disconnect from this site (n = 97 actin rings) ( Figures 5A-5C ). Expression of a truncated E-cad protein unable to link to F-actin via a-cat (E-cad-DICD-GFP) and downregulation of a-cat by small interfering RNA (siRNA) decreased the actin ring expansion rate, likely due to their effects on cell shape similar to those obtained with the E-cad antibody treatment (Figures 5F and 5G) . However, when the delayed actin rings of these embryos arrived at the junctions, they did not couple and remained separated from the junction ( Figure 5F ). ZO1 downregulation did not affect ring expansion but prevented coupling to the junction (Figures 5F, 5G, and S5A), consistent with the requirement for ZO1 to stabilize tight junctions in vitro by coupling them to the perijunctional actin cytoskeleton (Fanning et al., 2012; Maiers et al., 2013; Van Itallie et al., 2009) . Therefore, following expansion, the actin ring establishes a stable interaction with enriched junctional components.
Following coupling of the first ring to a junction, the neighboring ring coupled specifically at the same initial contact site, not randomly along the junction ( Figures 5D, 5I , and 5J). During assembly of epithelial permeability barriers, coupling of circumferential actin networks or cables to junctions increases junctional tension (Lecuit and Yap, 2015; Tornavaca et al., 2015; Van Itallie et al., 2009) . Consistent with this, coupling of the first actin ring triggered accumulation of myosin II at the contact site and along the ring proximal to the contact site ( Figures 5D, 5E , and 5H), suggesting the emergence of contractile forces. Moreover, the expanding ring of the neighboring cell was subsequently deformed toward the initial contact site ( Figures 5D, 5I , and 5J), indicating the action of a short-range pulling force on the neighboring ring (n = 15) mediating a ring capture mechanism. To probe this capture mechanism, we disrupted myosin II in a spatiotemporally controlled manner using the light-activatable inhibitor azido-blebbistatin (Ké piró et al., 2012) , when one ring is coupled to the junction and the neighboring ring is approaching. This localized disruption transiently interrupted recruitment of the second actin ring to the junction (n = 6) (Figures 5K and S5B) . We then employed femtosecond laser ablations of the cell cortex, which can disrupt actin networks without significant membrane damage (Kiehart et al., 2000; Rauzi and Lenne, 2011; Samarage et al., 2015) . Cortex laser ablation between the junction and the approaching second ring triggered a recoil of the ring away from the junction ( Figure 5L ). By contrast, when the ring was far from the junction, cortex ablation near the junction did not affect ring expansion ( Figure S5C ). Furthermore, ablation at the cortex inside an expanding actin ring did not prevent subsequent zippering ( Figure S5D ). Therefore, we propose that the localized increase in tension following coupling of the first ring to the junction helps to capture and align the second ring to the same contact site for more efficient zippering. (F) and (H) are presented as mean ± SEM. Scale bars, 10 mm. n = embryos in (E) and (H) and cells elsewhere.
Actin Ring Zippering Is Tension Dependent
We next determined how coupled actin rings zipper along junctions. Imaging RFP-Utr, E-cad-GFP, and GFP-ZO1 demonstrated that zippering starts at the initial contact site and proceeds bidirectionally to the tricellular junctions (Figures 6A and 6B ; Movies S7 and S8). GFP-MyoII accumulated along the coupled rings, and it was specifically enriched at and proximal to the advancing zipper ( Figures 5D, 5E , 5H, and 6C). Upon completion of zippering, myosin II remained specifically enriched at apical junctions throughout the embryo ( Figure 6C ; Movie S5), suggesting that zippering requires increased line tension along the rings.
To probe tensile forces along the rings, we employed laserbased ablations (Movie S6) (Kiehart et al., 2000; Rauzi and Lenne, 2011; Samarage et al., 2015) . We found minimal recoil in the ring before it reached the junctions, in regions distal from the advancing zipper, and in regions already zippered but treated with the ROCK inhibitor H-1152 ( Figures 6D, 6E , and S6A-S6C). By contrast, ablation at the ring proximal to the advancing zipper and in rings already zippered along the junction resulted in marked recoil ( Figures 6D and 6E ), consistent with increased myosin II-mediated line tension in these regions (Figures 5D , 5E, and 5H).
We then disrupted myosin II activity in a time-restricted manner following ring formation but before zippering using the myosin II inhibitor blebbistatin or H-1152. The rings of these embryos failed to couple and zipper ( Figures 6F-6H) . Moreover, applying H-1152 immediately after the initial contact formed between two rings uncoupled the rings and reduced E-cad-GFP and GFP-ZO1 at that site ( Figure S6D) . Finally, applying H-1152 in embryos in which actin rings were already zippering halted the zippering process and triggered unzippering (Figure S6D) . These results confirm that actin ring capture, coupling, and zippering all require myosin II-dependent tension.
Actin Ring Zippering Is Required to Seal the Embryo for Blastocyst Formation
We finally examined whether actin ring zippering is required to seal the embryo for blastocyst formation. Establishment of selective permeability barriers requires maturation of cell-cell junctions (Watson and Barcroft, 2001; Zihni et al., 2016) . In line with this, fluorescence recovery after photobleaching (FRAP) experiments demonstrated a larger immobile pool of E-cad-GFP ( Figure 7A ) and GFP-a-cat ( Figure 7B ) at zippered junctions compared to non-zippered junctions. Live imaging revealed the recruitment of ZO1, Occludin, and PLEKHA7 to the junctions ( Figures 5C, 6B, S6E , and S6F), consistent with the idea that zippering triggers junctional maturation. Moreover, FDAP experiments demonstrated slower turnover and a larger immobile fraction of paGFP-actin at zippered compared to non-zippered junctions ( Figure S6G) .
To probe the requirement of zippering for embryo sealing, we monitored the diffusion of a fluorescently labeled dextran (dextran-fluorescein isothiocyanate [FITC] ) throughout the intercellular spaces of the embryo (Moriwaki et al., 2007) . Incubating embryos in dextran-FITC prior to zippering caused diffusion of dextran-FITC into the intercellular spaces ( Figure 7C ). Following zippering, embryos retained dextran-FITC until blastocyst stage when transferred to a saline solution, indicating successful sealing ( Figure 7D ). By contrast, both sealing and blastocyst formation were abolished by (1) disruption of actin rings using Pard6b downregulation, previously shown to affect cortical actin and tight junction assembly (Alarcon, 2010) ; (2) disruption of ring coupling to junctions using a-cat siRNAs; (3) prevention of zippering using blebbistatin and H-1152 in a time-restricted manner; and (4) disruption of tight junction formation via ZO1 knockdown ( Figures 7D-7F and S6H-S6J). Therefore, actin ring formation and zippering is required for embryo sealing and the transition to blastocyst stage.
DISCUSSION
We reveal a coordinated morphogenetic mechanism that triggers sealing of the mouse embryo for blastocyst formation (Figure 7G ). This mechanism comprises the following: (1) de novo formation of cortical F-actin rings, (2) expansion of the actin rings and coupling to the cell-cell junctions, and (3) zippering of actin rings along the junctions to trigger maturation of junctional complexes and seal the embryo.
Actin Ring Formation and Expansion
Although it is commonly assumed that apical domains established at the 8-cell stage are asymmetrically inherited during (A-C) Coupled rings in 16-cell embryos co-localize with E-cad, a-cat, and ZO1 at junctions. Expanded actin rings in fixed embryos stained for E-cad (A), a-cat (B), or ZO1 (C) with Phalloidin-Rhodamine and DAPI (top panels) and in live embryos expressing RFP-Utr with E-cad-GFP, GFP-a-cat, or GFP-ZO1 (lower panels). Arrowheads indicate junctions without contact with rings (white, non-zippered), with one coupled actin ring (blue), or two coupled rings (magenta, zippered). (D) Live imaging shows recruitment of GFP-MyoII to the initial site of contact between the actin ring and the junction (arrowheads as in C). (E) GFP-MyoII intensity increases at the initial contact site between the actin ring and the junction and in proximal regions along the ring. (F) Live 16-cell embryos expressing RFP-Utr, H2B-RFP with E-cad-DICD-GFP, or microinjected with a-cat or ZO1 siRNAs. The actin rings expand but do not couple to the junctions (arrowheads). Arrows indicate cell division at the end of the 16-cell stage. (G) E-cad-DICD-GFP or siRNAs for a-cat or ZO1 delay actin ring expansion. (H) GFP-MyoII is progressively recruited as ring zippering proceeds along the junction. (I) Arrowheads indicate the junction before the first ring couples (white), after the first ring couples (blue), and after the second ring couples (magenta). Arrows indicate a local deformation of the second ring at the region near the junction. (J) Schematic depicting how neighboring actin rings meet at the same initial contact site, not different sites along the junction. (K) Spatiotemporally controlled disruption of myosin II using azido-blebbistatin activation interferes with coupling of the second ring to the junction (n = 5 embryos). (L) Laser ablation (Abl) at the cortex between the second ring and the junction causes the ring to retract. Boxplots show median (red line), upper and lower quartiles, and range. Data in (A)- (C) , (E) , and (G) are presented as mean ± SEM. Scale bars, 10 mm in all images except for insets in (A)-(C) and (H), 3 mm, and (I), (K) , and (L), 5 mm. n = junctions in (A)-(C), rings in (E) and (G) , and embryos in (F) . division to regulate cell fate (Chazaud et al., 2006; Hirate et al., 2015; Leung et al., 2016; Maître et al., 2016; Yamanaka et al., 2006) , direct imaging of this process in live embryos is lacking. We show that most actin rings are not inherited but form de novo in 16-cell-stage blastomeres via the action of cortical flows and a network of polar microtubules. Unlike well-described actin flows at the onset of cytokinesis directed toward the cytokinetic furrow (Reymann et al., 2016) , the flow that forms the actin ring occurs following cytokinesis, likely due to disassembly of the actomyosin furrow (Montembault et al., 2017) , and is directed away from the nascent junction toward the cell poles.
In dividing cells, astral microtubules originate from mitotic spindle centrosomes (Bettencourt-Dias and Glover, 2007) . Consistent with the lack of centrosomes during early mouse development, we find no clear astral microtubules during mitosis in the early mouse embryo. However, a polar microtubule network emerges rapidly after telophase and excludes F-actin from the apical cortex, in a manner analogous to polar relaxation in other systems (Fededa and Gerlich, 2012; White and Borisy, 1983; Wolpert, 1960) . Currently, the molecular basis of polar relaxation remains unclear. The disruption of actin rings resulting from Pard6b downregulation suggests that Par-aPKC complexes may be involved in clearing cortical F-actin, as demonstrated in numerous developmental processes (Alarcon, 2010; David et al., 2010; Munro et al., 2004; Zhu et al., 2017) . We do not exclude the possibility that microtubule-independent mechanisms may also contribute to F-actin exclusion from the cortex. However, we propose that cortical actin flow and an inhibitory network of polar microtubules act in combination to form the actin ring in the region where the flow encounters these microtubules.
Although actin rings drive various morphogenetic events, they typically do so by constriction. Classical examples include the cytokinetic furrow driving cell division and concentric F-actin structures mediating wound healing (Schwayer et al., 2016) . These rings accumulate myosin II and are contractile. Although a previous study detected myosin II at the apical cortex of the early mouse embryo (Maître et al., 2016) , we find that the levels of GFP-MyoII in live embryos, and those of endogenous phospho-myosin II in fixed embryos, at the actin ring are negligible compared to those measured at the cytokinetic furrow or at junctions during zippering. Consistent with low myosin II levels, the actin ring is not contractile but instead expands over time, suggesting that myosin II-excluding mechanisms may operate at the actin ring.
The membrane bulge within the actin ring is morphologically similar to a cellular bleb, and the aperture delineated by the ring is comparable to the bleb neck. Hydrostatic forces acting on blebs during expansion dissipate by increasing both bleb height and the radius of the aperture formed by the bleb neck (Tinevez et al., 2009) . During division, contraction of one cell pole leads to the expansion of the opposite pole and formation of blebs. These blebs act as pressure sinks, buffering expansive forces directed at the cortex (Sedzinski et al., 2011) . Analogously, in the cells of the embryo, apically directed hydrostatic forces arising from narrowing of their basolateral region after division should tend to inflate the bulge and expand its aperture and, consequently, the ring. Forces opposing expansion determine the extent to which either of these changes occurs. Membrane tension opposes expansion within the bulge and could be significant following its inflation, whereas contractility, crosslinking, and membrane anchoring oppose ring expansion. We have shown that the actin ring is not significantly contractile. Although the actin rings are enriched in the actin-bundling protein Fascin, we propose that, over the relatively long timescales of their expansion, any elastic effects resulting from actin bundling and crosslinking will not dominate forces opposing expansion. Our Ezrin manipulations instead indicate that friction originating from actin ring linkage to the plasma membrane is a dominant force opposing expansion.
Actin ring expansion ultimately remodels most of the apical surface of the embryo, by replacing the F-actin cortex with a microtubule network. It will be interesting to explore whether the microtubule network physically displaces F-actin or interacts with the plasma membrane to reinforce the cortex in place of F-actin or to locally alter plasma membrane composition (Wolff, 2009) . Actin ring expansion may also contribute to smoothening and flattening the apical surface of the embryo, thereby minimizing its surface energy and decreasing the exposed area that must be sealed for blastocyst formation. Furthermore, ring expansion may enable the delivery of proteins such as Occludin to the junctions, which could coordinate the timing of junctional maturation within the embryo.
Actin Ring Zippering and Embryo Sealing
The zippering of actin rings in the mouse embryo has similarities to the zippering described during dorsal closure in Drosophila (Choi et al., 2011; Kiehart et al., 2000) or chordate neurulation (Galea et al., 2017; Hashimoto et al., 2015) , including the formation of a supracellular actin cable that enriches junctional components and promotes directional zippering of cells in a tension-dependent manner. However, whereas zippering in other systems involves large-scale multicellular movements to unite separate epithelial sheets, the rings of the mouse embryo form in cells that are already in contact and share a junction, and zippering occurs to mature and stabilize these junctions. (C) and (E) are presented as mean ± SEM. Scale bars, 10 mm in all images except for insets in (B) and (D) , 3 mm, and insets in (C), 5 mm; n = rings or junctions.
In contrast to actin ring expansion, zippering is myosin II and tension dependent. The initial accumulation of myosin II occurs when the first ring couples to the junction. This localized myosin II enrichment increases tension at the junction, which likely recruits myosin II to the opposite side of the junction within the neighboring cell (Kim et al., 2015; Yap et al., 2017) . This feedback mode of regulation, in which tension can enhance the recruitment of myosin II, coordinates multicellular actomyosin cables in Drosophila embryos (Fernandez-Gonzalez et al., 2009 ). The accumulation of myosin II and increase in tension along the ring proximal to the junctional contact site may contribute to the net force driving advancement of the zipper along the junction. Once zippering is complete, myosin II remains enriched along the apical junctions, where it could contribute to junctional stability (Arnold et al., 2017) and mechanochemical feedback (Yap et al., 2017) .
It is rare for a single actin ring to zipper along the length of the junction alone (i.e., without a neighboring ring zippering along the other side of the junction). Moreover, we do not observe establishment of multiple zippering points at the same junction by two neighboring rings. Therefore, the ability of the first actin ring to capture its neighboring ring to the same site may increase the fidelity of embryo sealing. Zippering proceeds along the junction to tricellular junctions, consistent with reports that vertices provide physical barriers to lateral displacement of actin bundles and junctional components and serve as specialized sites of actomyosin attachment to the cortex (Cavey et al., 2008; Rauzi et al., 2008) .
Finally, we demonstrate that actin ring zippering coordinates the assembly and maturation of adherens and tight junction components, which are required to seal the embryo and withstand the increase in internal pressure during cavitation. Consistent with other systems, the increase in tension along zippered junctions is accompanied by stabilization of actin and junctional components (Priya et al., 2013; Smutny et al., 2010; Yonemura et al., 2010) . The progression of actin ring zippering along the junctions transforms them from primordial junctions into a mature junctional belt (Yonemura et al., 1995) . We propose that establishment and retention of this zippered architecture during cell divisions after the 16-cell stage maintains the permeability barrier, thereby enabling successful completion of blastocyst formation.
STAR+METHODS
Detailed methods are provided in the online version of this paper and include the following: 
METHOD DETAILS
Mouse embryo work Embryos were microinjected with 0.1 to 0.3 pL RNA diluted in injection buffer (5 mM Tris, 5 mM NaCl, 0.1 mM EDTA) with a FemtoJet (Eppendorf). For imaging, embryos were cultured in LabTek chambers (Nunc) at 37 C and 5% CO 2 in an incubator adapted for the microscope system (Carl Zeiss, Jena). All DNA constructs have been cloned into pCS2+ vector for RNA production. The mMESSAGE mMACHINEâ SP6 kit (Ambion) was used to synthesize RNA using linearized plasmids as templates following manufacturer's instructions. RNA was purified using RNAeasy kit (QIAGEN) following manufacturer's instructions. Embryos were microinjected with the following RNAs: paGFP-actin, GFP-Pard6b, EB3-dTomato GFP-actin, GFP-ZO1, Occludin-Emerald, aPKC-Emerald, Emerald-Fascin at 100 ng ml -1 ; GFP-MAP2c/RFP-MAP2c, PLEKHA7-GFP at 80 ng ml -1 ; 2G4-GFP, GFP-Utr, RFP-Utr at 75 ng ml -1 ; E-cad-GFP at 70 ng ml -1 ; GFP-MyoII, Lck-GFP, GFP-a-cat, Lifeact-GFP at 60 ng ml -1 ; H2B-RFP, H2B-GFP at 5 ng ml -1 ; Ezrin-GFP or Ezrin-mRuby at 50 ng ml -1 or 200 ng ml -1 for overexpression experiments and E-cad-DICD-GFP at 200 ng ml -1 . Embryos showing signs of abnormal or arrested development ($15%) were excluded following established criteria Kaur et al., 2013; Morris et al., 2010) . We previously demonstrated that embryos microinjected and imaged with similar conditions can generate viable offspring following transfer to pseudopregnant mice (Kaur et al., 2013) . siRNAs (QIAGEN) were microinjected at 200 nM. Myosin II inhibition was performed with blebbistatin (Sigma, B0560), azido-blebbistatin (Opto-pharma) or ROCK inhibitor H-1152 (TOCRIS, 2414) at 50 mM in KSOM+AA. For microtubules disruption nodocazole (Sigma, M1404) was used at 10 mM in KSOM+AA for 15 m, 90 m or 9 h. PST-1P was used at 40 mM in KSOM+AA; embryos were incubated for 24 h in the dark before the experiment. Pan-Formin inhibition was performed with SMIFH2 (Sigma, S4826) at 250 mM in KSOM+AA. Arp2/3 inhibition was done using CK-666 (Sigma, SML0006) at 250 mM in KSOM+AA. For disruption of cortical flows in a time-restricted manner, embryos were monitored using live imaging to identify cells undergoing division. WGA (Vector Laboratories, RL-1022) was then applied at 100 mg ml -1 and the newly divided cells were imaged with higher spatio-temporal resolution and using with PIV. For immunolabeling, embryos were fixed in 4% paraformaldehyde in DPBS for 30 m at room temperature, washed in DPBS containing 0.1% Triton X-100, permeabilized for 30 m in DPBS containing 0.25% Triton X-100, incubated in blocking solution (10% fetal bovine serum in DPBS) for 2 h, incubated with antibodies for: phospho-Ezrin (Cell Signaling Technology) at 1:200, phospho-Myosin Light Chain 2 (Cell Signaling Technology, 3671P) at 1:200, ZO1 (Invitrogen, 33-9100) at 1:200, E-cad DECMA-1 (Sigma, U3254) at 1:100, a-catenin (Sigma, C2081) at 1:2000, a-tubulin (Sigma, T6199) at 1:500; in blocking solution overnight at 4 C, rinsed in DPBS, incubated with secondary Alexa Fluor 488 conjugated antibody (Invitrogen) in blocking solution (1:500) for 2 h and rinsed in DPBS. To label F-actin, fixed embryos were incubated with Phalloidin-Rhodamine (Molecular Probes, R415) at 1:500 and for nuclear staining with DAPI (Sigma, 10236276001) at 1:1000. For E-cad function blocking, embryos were treated with the DECMA-1 antibody (Sigma, U3254) or control IgG antibody (Sigma) at 1:500 in KSOM+AA.
As all suitable Pard6b antibodies (Alarcon, 2010; Hirate et al., 2015; Yamanaka et al., 2010) have recently been discontinued, the downregulation of Pard6b by siRNA was validated using quantitative RT-PCR. Total mRNA was extracted from pooled embryos using an Arcturus PicoPure Kit (Thermo Fisher) and RNase-Free DNase Set (QIAGEN). qRT-PCR was performed using a TaqMan RNAto-CT 1-Step Kit (Thermo Fisher) and Lightcycler 480II qPCR (Roche). A TaqMan Gene Expression Assay (Thermo Fisher) was used to determine expression for pard6b (Mm00480520_m1).
For the dextran permeability assay, embryos were incubated in 40KDa Dextran-FITC (Sigma, FD40) at 25 ng ml -1 for 7 to 10 h starting prior to zippering and then washed in KSOM+AA. The embryos were imaged for FITC fluorescence in intracellular spaces. Positive detection of FITC indicates successful sealing.
Live embryo imaging
Live embryos were imaged using a laser scanning confocal (LSM 780 microscope, Zeiss) with water UV-VIS-IR Apochromat 63X 1.2 NA objective and highly sensitive avalanche photodiode light detectors of the Confocor 3 module (Zeiss). For FDAP experiments, photoactivation of paGFP-actin was performed using a 63X 1.20 objective and 820 nm two-photon laser (Mai Tai, Spectra-Physics). A region of interest (ROI) of 5 mm x 10 mm was scanned at 10% laser power in embryos labeled with RFP-Utr to identify the position of the ring. FRAP experiments were performed with a 63X 1.20 objective at 7X zoom magnification. A 4 mm x 4 mm ROI was photobleached with 100% 488 nm laser power. Laser ablations were performed using a 63X 1.4 NA objective and multiphoton laser tuned to 790 nm and set to 50% laser power. Before and after ablation, 4 mm thick confocal images were acquired at 5X magnification using avalanche photodiodes every 1.3 s on embryos expressing GFP-Utr. A 5 mm line was scanned at 1 ms pixel -1 orthogonally across one section of the actin ring. PST-1P was used at 40 mM in KSOM+AA, embryos were incubated for 24 h in the dark before the start of the experiment. For PST-1P activation the Zeiss 63X 1.4 NA objective was used. A ROI was illuminated using 405 nm light, at 10% laser power for 2 s. For PST-1P deactivation the same ROI was illuminated using 514 nm light at 10% laser power for 2 s. Azido-blebbistatin was activated locally by illuminating a ROI (3 mm x 5 mm) with a 405 nm laser at 20% laser power for 60 s. For photoactivation experiments, paGFP-actin was selectively photoactivated using a 820 nm multiphoton laser targeted to a defined ROI. Live-imaging was then used to visualize the photoactivated actin pool over time.
QUANTIFICATION AND STATISTICAL ANALYSIS
Image analysis 3D visualizations of embryos were performed using Imaris 8.2 software (Bitplane AG). The manual surface rendering module was used for cell segmentation. Cell volume and sphericity values were derived from the segmented data using the Imaris statistics module. Ring perimeter was measured using Imaris point measurement tool. The ring width was measured as the mean distance between the borders of the ring for 10 different positions using Imaris point measurement tool. The distance from the center of mass of the cell to the apical membrane was calculated using segmented data in Imaris. Quantification of immunofluorescence intensity and expression levels of E-cad-GFP, GFP-a-cat, Utr-GFP and GFP-actin were performed in ImageJ by measuring mean fluorescence intensity at a ROI. The fluorescence intensity profiles for GFP-actin, Phalloidin-Rhodamine, GFP-Utr and RFP-MAP2c were measured in ImageJ using a line width of 25 pixels along the apical cortex. To generate kymographs of paGFP-actin flow, a ROI was defined along the cortex in a 2D plane and straightened using ImageJ. M.B. acknowledges Bitplane AG for an Imaris Developer license.
EB3-dTomato tracking
The Imaris manual spot-detection module was used to analyze EB3-dTomato tracks (Yamashita et al., 2015) . Only comets detected in at least 4 continuous time frames were used for analysis. Comets moving along the z axis were excluded from analysis. Number of EB3-dTomato labeled tracks were scored within 1 m in a ROI of 3 mm x 3 mm inside and outside the actin ring, and at the actin ring edge.
Curvature analysis 3D surface curvatures were calculated as described previously (Arora et al., 2016) . Surfaces of post-mitotic cells were rendered in Imaris following segmentation. The vertices of these surface objects were transferred into MATLAB (MathWorks) and local 3D Gaussian and mean curvatures were calculated. These values were then transferred back into Imaris as statistical values associated with a spots object at each vertex via the Imaris XT MATLAB script (Arora et al., 2016) . The script was modified to allow for signed curvatures, so as not to downsample the number of vertices or multiply curvatures values by a factor of 10. Radii calculated with six neighbor vertices are averaged. Curvatures (either Gaussian or mean) are displayed as a heatmap at each vertex, with the range indicated in the associated colorbar.
FDAP analysis
Mean fluorescence intensity of the photoactivated region was measured for every time point in ZEN (Zeiss). The mean intensity was corrected by background fluorescence and normalized for the intensity after photo-activation. The corrected data was fitted with a single exponential function.
IðtÞ = Ið0Þe
À t t + I N Where, t is the decay time and the immobile fraction is I N .
FRAP analysis
Mean fluorescence intensity at the photobleached region was corrected by background fluorescence and normalized to the mean intensity ratio between pre-and post-photobleaching from a non-bleached membrane region. The pre-bleaching intensity value was taken as 100%. Normalized fluorescence intensity (I(t) ) data were fitted with a single exponential function:
Where I(0) is the fluorescence intensity immediately after bleaching, I N is the fluorescence intensity when the intensity reaches a plateau and t is the characteristic time. The mobile fraction was calculated as ðI N À Ið0ÞÞ=ð1 À Ið0ÞÞ and the half time as t ln(2).
Laser ablation analysis
The initial recoil speed after ablation reflects tension at the targeted ring. Initial velocity was calculated as the distance of the gap detected immediately after ablation divided by the time since the ablation. We excluded from analysis cells damaged after ablation.
PIV analysis
High temporal resolution live imaging of GFP-Utr was used to visualize the dynamics of the F-actin flow. PIV analysis was performed for two consecutive frames at the same position throughout the duration of a movie. Flow profiles of the consecutive acquisition loops throughout the duration of a movie were subsequently averaged. Then magnitude of the mean velocity was calculated as a function of the position.
Statistical analysis
Analyses were performed with GraphPad Prism and MATLAB. Unpaired, two-tailed Student's t test was used, with the assumption of unequal variances. Reproducibility was confirmed by independent experiments. n represents cells, embryos, junctions or rings, as indicated in each figure legend. (legend continued on next page)
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